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Polarization of Plasma Membrane Microviscosity
during Endothelial Cell Migration
filaments, -actin mRNA, actin binding proteins, and
signaling proteins all preferentially localize in lamellipod-
ial extensions within the forward few microns of migrat-
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ing cells (Chung et al., 2001).1Department of Cell Biology
Much effort in understanding the molecular machinery2 Department of Biomedical Engineering
that drives cell movement has focused on cytoskeletalLerner Research Institute
structures and their integrin-mediated interactions withCleveland Clinic Foundation
the extracellular matrix. Actin polymerization is entirely9500 Euclid Avenue
responsible for force generation by several molecularCleveland, Ohio 44195
motors, including the “comet-like” intracellular propul-3 Department of Biomedical Engineering
sion motor of Listeria monocytogenes (Theriot, 2000).Case Western Reserve University
Similarly, actin polymerization likely has a major role in10900 Euclid Avenue
generation of the force that propels crawling cells. TheCleveland, Ohio 44106
lamellipodium is exceptionally rich in actin filaments,
and its extension is coupled with controlled, polarized
polymerization of actin and with crosslinking of actinSummary
filaments into bundles and networks. Furthermore, agents
that block actin polymerization completely block cellCell movement is characterized by anterior-posterior
movement, whereas agents that block myosin functionpolarization of multiple cell structures. We show here
cause only mild dysregulation (Mitchison and Cramer,that the plasma membrane is polarized in moving en-
1996; Theriot, 2000).dothelial cells (EC); in particular, plasma membrane
Despite the identification of critical force-generatingmicroviscosity (PMM) is increased at the cell leading
and regulatory molecules, fundamental questions re-edge. Our studies indicate that cholesterol has an im-
garding the mechanism of force transduction into move-portant role in generation of this microviscosity gradi-
ment remain unanswered, and an accepted physicalent. In vitro studies using synthetic lipid vesicles show
model of actin-based movement for gliding cells is notthat membrane microviscosity has a substantial and
available. Polymerization of actin close to the lamelli-biphasic influence on actin dynamics; a small amount
podial plasma membrane has led investigators to focusof cholesterol increases actin-mediated vesicle defor-
on this region for the force-generation engine. Accordingmation, whereas a large amount completely inhibits
to one model of actin-driven cell propulsion, the “minus”deformation. Experiments in migrating ECs confirm
end of the actin filament is fixed to the cell substrate inthe important role of PMM on actin dynamics. Angio-
transient focal complexes in the cell lamellipodium, andgenic growth factor-stimulated cells exhibit substan-
the growing, “plus” end of the filament terminates at ortially increased membrane microviscosity at the cell
near the plasma membrane at the leading edge of thefront but, unexpectedly, show decreased rates of actin
cell (Theriot, 2000). Subunit addition to the actin filamentpolymerization. Our results suggest that increased
“plus” end produces the force required to move forwardPMM in lamellipodia may permit more productive actin
the barrier load presented by the membrane. The molec-filament and meshwork formation, resulting in en-
ular mechanism remains unclear; a “thermal ratchet”hanced rates of cell movement.
model has been proposed in which thermal fluctuations
in either the filament or the membrane (or both) generateIntroduction
transient gaps between the actin filament terminus and
the barrier membrane, permitting actin monomer addi-
EC migration is an essential component of angiogenesis
tion (Mogilner and Oster, 1996; Theriot, 2000). The pro-
and endothelial regeneration after blood vessel injury. cess can be viewed as a series of small wedges, applied
ECs, like fibroblasts and other “crawling” or “gliding” in parallel to move the barrier forward. As new actin
cells, display coordinated morphologic changes during filaments join the “work force” at the leading edge, rear-
movement, notably, protrusion of a lamellipodium at the ward filaments depolymerize to provide new actin mo-
leading edge, attachment to the substratum, forward nomers. The focal complexes that anchor the actin fila-
flow of cell contents, focal adhesion release, and retrac- ments either disassemble or mature into focal adhesions
tion of the rear of the cell (Anand-Apte and Fox, 2002). that populate the bottom surface of moving cells (Ridley,
Much progress has been made in understanding these 2001). The force exerted during actin filament formation
processes, including identification of promigratory growth has not been measured, but in vitro studies show that
factors and their cognate receptors, signaling pathways, actin filament formation generates force sufficient to
integrin-mediated cellular interactions with extracellular deform encapsulating lipid vesicles (Cortese et al., 1989;
matrix, and the cytoskeletal polymers that provide most, Miyata et al., 1999).
if not all, of the propulsive force. Furthermore, a precise The role of the plasma membrane in cell locomotion
spatial and functional asymmetry is apparent and multi- is not understood, and several functions have been sug-
ple motility-related structures and processes become gested (Lauffenburger and Horwitz, 1996). According
polarized; e.g., integrin-cytoskeleton complexes, actin to one mechanism, endocytosis from the cell surface,
coupled to membrane insertion at the advancing edge,
provides a driving force for movement (Bretscher, 1996).*Correspondence: foxp@ccf.org
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Figure 1. Polarization of PMM in Migrating ECs
(A) Confluent, quiescent ECs were subjected to wound-induced migration for 22 hr and then incubated for 15 min with 8.3 g/ml DiI-C16. PMM
was measured by FRAP at the leading (open squares), middle (filled circles), and trailing (open circles) edges of migrating ECs (mean, n  5
cells), and normalized recovery curves are shown. Similar measurements were made in five randomly selected positions in five confluent cells
behind the razor-wound (filled triangles). Inset: Calculated lateral diffusion coefficients, D (mean  SEM, n  5 cells).
(B) Migrating ECs were labeled with DiI-C16 as in (A), and FRAP was measured at 22 membrane locations near the edge of the cell membrane
spanning the length of the cell. Lateral diffusion coefficients were calculated at each bleach spot, interpolated, and indicated by a false-color;
the color look-up table shows relative microviscosity. Direction of cell migration is shown by the open arrow.
(C) ECs were induced to move in the presence of basic FGF (bFGF, 10 ng/ml). After labeling with DiI-C16, PMM was measured by FRAP in
the leading (black bars) and trailing (gray bars) edges of ECs that had migrated into the wound area as in (A). Lateral diffusion coefficients
are shown (mean  SEM, 10 cells).
(D) The effect of cell treatment with VEGF (10 ng/ml) on polarization of PMM was measured as in (C).
(E) The effect of cytochalasin D (Cyt. D) on VEGF-induced polarization of PMM was measured as in (C). Migrating ECs were incubated for 20
min with Cyt. D (2 M) just prior to FRAP determination.
(F) Polarization of PMM was measured by fluorescence anisotropy. ECs were induced to move in the presence of VEGF for 22 hr, and then
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Indeed, endocytosis coupled to exocytosis at the ad- recovery in a typical cell was slowest in the front, fastest
in the back, and intermediate near the cell center (Figurevancing edge provides a source of cell surface material
1A). Calculation of mean lateral diffusion coefficientsto accommodate extension (Lawson and Maxfield, 1995);
revealed a marked front-to-back polarization of PMM,however, membrane flow is not likely to be a major
with the region of highest viscosity at the cell front (Fig-driving force in movement (Kucik et al., 1990). In a sec-
ure 1A, insert). The mean PMM of rapidly migrating ECsond scenario, plasma membranes provide docking sites
was nearly double that of slowly moving, confluent ECsfor promigratory signaling proteins as evidenced by ac-
behind the wound edge (which do not exhibit polarizedcumulation of membrane-bound signaling proteins in
microviscosity; data not shown). A map of photobleach-the lamellipodia of moving cells (Funamoto et al., 2002).
ing measurements at multiple positions along the cellAccording to a third mechanism, the plasma membrane
edge showed that the region of high PMM was not re-provides a resistive barrier necessary for cytoskeleton-
stricted to the lamellipodia, but was seen in the forward-driven propulsion (Theriot, 2000; Theriot and Mitchison,
most 15 to 30% of the cell (Figure 1B). The direction of1991), and forward movement of the leading edge mem-
cell movement was established by the presence of shortbrane may generate tension that pulls the trailing cell
actin filaments in lamellipodia and by time-lapse video-body forward (Mitchison and Cramer, 1996; Raucher and
microscopy (data not shown). We previously reportedSheetz, 2000). Finally, the plasma membrane may serve
that the angiogenic growth factors basic FGF and VEGFsimply as a container whose primary function is concentra-
increased PMM in ECs to a level near the optimum fortion of critical metabolites and proteins, and maintenance
cell movement (Ghosh et al., 2002). Their influence onof cell integrity during movement.
polarization of PMM was determined. Basic FGF (FigurePlasma membrane microviscosity (PMM) is an impor-
1C) and VEGF (Figure 1D) increased the PMM gradient,tant determinant of EC movement (Ghosh et al., 2002).
in part by increasing viscosity at the leading edge, but alsoAngiogenic agents, e.g., basic fibroblast growth factor
by decreasing viscosity at the trailing edge. To show(FGF) and vascular endothelial growth factor (VEGF),
that increased leading edge viscosity was independentincrease EC PMM as measured by fluorescence anisot-
of the actin cytoskeleton, fluorescence recovery wasropy of isolated membranes, and by fluorescence recov-
measured after cytochalasin D treatment. A similar gra-ery after photobleaching (FRAP) in live cells. Lipids that
dient of PMM was observed in ECs treated with VEGFincrease PMM, e.g., cholesterol and -tocopherol, also
in the presence of the actin-disrupting agent (Figure 1E).influence cell motility with a biphasic relationship; a
Polarization of PMM was confirmed by an indepen-
moderate increase in PMM increases EC migration, but
dent method. Fluorescence anisotropy was utilized
a large increase markedly inhibits migration. The in-
since it depends on rotational rather than lateral motion
creases in PMM caused by basic FGF and VEGF are at of the probe in the bilayer. ECs were labeled with 1-(4-
the biphasic curve peak, indicating that they generate trimethylammoniumphenyl)-6-phenyl-1,3,5-hexatriene
a membrane environment that is optimal for movement. p-toluenesulfonate (TMA-DPH), a UV-excitable fluor that
Given our understanding of the importance of anterior- localizes within the plasma membrane (Sheridan and
posterior polarization during cell movement, and our Block, 1988). DPH-based probes have the added advan-
recent findings on global PMM as a determinant of cell tage that they are included in cholesterol-enriched, liq-
motility, we here investigate the front-to-back polariza- uid-ordered domains (Kaiser and London, 1998), unlike
tion of PMM in moving ECs. carbocyanins such as DiI-C16 that are excluded (Korlach
et al., 1999). Perpendicular polarized images were ac-
Results quired simultaneously and combined to generate aniso-
tropy images. PMM was consistently higher at the front
Polarization of PMM in Migrating ECs of VEGF-treated ECs compared to the rear (Figure 1F).
PMM is a biphasic determinant of cell migration (Ghosh Quantitation of the mean anisotropy showed that PMM
et al., 2002). To investigate the mechanism by which in VEGF- and basic FGF-treated ECs was nearly 2-fold
PMM influences cell movement, we took advantage of higher in the cell front compared to the rear (Figure 1G),
the near-micron resolution of fluorescence recovery consistent with FRAP measurements. Together, these
after photobleaching (FRAP) to determine the spatial results demonstrate a marked anterior-posterior polarity
distribution of PMM in moving cells. Aortic ECs were of PMM in moving ECs, and support the idea that PMM
stimulated to move by applying a razor-wound to a con- is an important determinant of cell movement (Ghosh
fluent culture. After 24 hr, the plasma membranes were et al., 2002).
fluorescently labeled with 1,1-dihexadecyl-3,3,3,3-
tetramethylindo-carbocyanine perchlorate (DiI-C16). The Role of Cholesterol in Development
lateral diffusion coefficient (which is inversely propor- of a Gradient of PMM
tional to PMM) of DiI-C16 in the bilayer was determined Cholesterol is a major lipid component of the plasma
by photobleaching sites at the leading, middle (peri- membrane of mammalian cells. An increase in mem-
brane cholesterol-to-phospholipid ratio increases PMMnuclear), and trailing edges of live ECs. Fluorescence
incubated with TMA-DPH (5 M) for 5 min. Horizontally and vertically polarized images were acquired simultaneously and combined into
anisotropy images. The open arrow indicates direction of cell movement, the dashed lines indicate forward cell extremities, and the grayscale
look-up table indicates relative PMM.
(G) EC were induced to move in the presence of basic FGF or VEGF for 22 hr and fluorescence anisotropy determined as in (F). The rear-to-
front anisotropy ratio was determined from the mean pixel intensities in the extreme 10% of the cell surface (mean  SEM, n  30 cells).
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Figure 2. Role of Cholesterol in Formation of Gradient of PMM
(A) Confluent aortic EC were induced to migrate by wounding and then incubated with methyl- cyclodextrin (1%) for 30 min. After cyclodextrin
removal, ECs were allowed to migrate for 22 hr. As a positive control, cells were stimulated with basic FGF (10 ng/ml). The cells were labeled
with DiI-C16 and FRAP microviscosity measurements were done in the leading (black bars) and trailing (gray bars) edges as in Figure 1A and
shown as calculated lateral diffusion coefficients (mean  SEM, 10 cells).
(B) Inhibition of cell migration by cyclodextrin is shown by phase contrast microscopy.
(C) Lack of effect of cyclodextrin on actin filament formation was shown by staining fixed cells with Alexa 568 phalloidin (0.2 M) and detection
by fluorescence.
(D) Immediately after wounding the monolayer, ECs were incubated with either NBD-cholesterol (10 M, left panel) or with NBD-C6-HPC (10
M, right panel) for 22 hr and imaged by fluorescence microscopy. Open arrows indicate direction of migration. Inset: NBD-cholesterol
distribution in confluent ECs behind wound edge.
(E) ECs were wounded and incubated with NBD-cholesterol or NBD-C6-HPC as in (B), and were simultaneously treated with basic FGF (10
ng/ml) or VEGF (10 ng/ml). Fluorescence intensity in the leading (black bars) and trailing (gray bars) regions (the outermost 10% of the cell
area was measured) of migrating cells was determined densitometrically and expressed as average pixel intensity (mean  SEM, n  20 cells).
(F) ECs were subjected to wound-induced migration for 22 hr in the absence (left panel) or presence (right panel) of basic FGF (10 ng/ml).
The cells were labeled with FITC-conjugated cholera toxin ( subunit, 9 g/ml for 20 min).
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in multiple cell types including red blood cells and ECs inhibit actin filament extension at the barrier, and
thereby reduce cell movement. To investigate this para-(Cooper, 1978). To test the role of endogenous choles-
terol in generation of the gradient of PMM, we treated dox, we have taken advantage of a model system in
which actin polymerization within synthetic lipid vesiclesECs with methyl--cyclodextrin (cyclodextrin), a reagent
that tightly binds cholesterol and efficiently removes it causes vesicle deformation, as shown by modest shape
changes (Cortese et al., 1989; Miyata et al., 1999). Fluo-from cells (Ilangumaran and Hoessli, 1998). Cyclodextrin
disrupted the PMM gradient, in fact, reversing the polar- rescently labeled, Alexa 488-conjugated actin mono-
mers were encapsulated in large unilamellar vesiclesity so that the cell front had lower viscosity than the rear
(Figure 2A). Cyclodextrin inhibited cell movement by up (LUV) prepared by ether-injection of a phospholipid mix-
ture containing DiI-C16 as fluorescent lipid tracer. LUVsto 60% (Figure 2B), and the antimigratory effect was not
due to gross cytoskeletal disruption as shown by normal also contained ATP and valinomycin, a K-transporter
that facilitates actin filament formation upon externalactin filament formation (Figure 2C). These experiments
suggest that endogenous cholesterol may be involved in addition of KCl, a cofactor required for polymerization.
Large, spherical vesicles were obtained containing uni-formation of the PMM gradient seen in rapidly moving ECs.
To further test the role of cholesterol in polarizing formly distributed actin monomers (Figure 3A, left). KCl
caused rapid actin polymerization as evidenced by thePMM, we determined the in vivo distribution of a fluores-
cent cholesterol reporter, 22-(N-(7-nitrobenz-2-oxa-1, formation of actin bundles and axial elongation of the
vesicle to give a mean aspect ratio of about 2 (Figure3-diazol-4-yl)amino)-23,24-bisnor-5-cholen-3-ol (NBD-
cholesterol) (Boesze-Battaglia et al., 1996). Fluores- 3A, right). This result is comparable to previous studies
in which deformation was not quantitated, but the micro-cence was substantially higher in the leading edge of
migrating ECs compared to the trailing edge (Figure 2D, graphs show aspect ratios less than 2 (Cortese et al.,
1989; Miyata et al., 1999). LUVs containing near-physiolog-left). Confluent ECs behind the wound edge exhibited
a uniform, circumferential distribution of fluorescence ical levels of cholesterol (plasma membrane cholesterol
is 30 to 40 mol % of total lipid [Maxfield and Wu¨stner,consistent with a lack of polarization (Figure 2D, inset).
As a control, parallel EC cultures were incubated 2002]) exhibited a surprising increase in actin-mediated
deformation (Figure 3B). Quantitation of deformationwith the fluorescent phosphatidylcholine (PC) analog,
2-(6-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)amino)hexanoyl- gave a mean aspect ratio of about 5 at 29 mol % choles-
terol (Figure 3C). Increasing cholesterol to 57 mol %1-hexadecanoyl-sn-glycero-3-phosphocholine (NBD-
C6-HPC). In contrast to the cholesterol reporter, NBD- increased the aspect ratio to about 9. However, a further
increase to 75 mol % blocked deformation completely. AC6-HPC was equally distributed in the cell front and
rear (Figure 2D, right). Densitometric quantification of similar biphasic response was observed in lipid vesicles
containing -tocopherol, a structurally unrelated stiffen-fluorescence intensity showed that NBD-cholesterol in
the leading edge (i.e., forward-most 10% of cell area) ing agent, indicating that the effect was a general func-
tion of PMM (Figure 3D). We considered the possibilityof an untreated, migrating cell was almost twice that in
the trailing edge (Figure 2E). Stimulation of cells with that decreased membrane deformation at high levels of
cholesterol or -tocopherol was due to defective K-basic FGF or VEGF increased the front-to-rear ratio still
further. A recent study showed that raft-associated gan- transport and inefficient actin polymerization. This mecha-
nism was excluded since actin filaments were formed,glioside GM1 accumulated at the leading edge of migrat-
ing MCF-7 cells (Man˜es et al., 1999). Since lipid raft but were restricted to a “cortical” ring around the vesicle
circumference (data not shown). Also, F-actin contentdomains are cholesterol rich, we considered the possi-
bility that increased PMM and cholesterol at the cell was the same at all -tocopherol concentrations (Figure
3D). The increase in vesicle deformation by an increasefront reflected the presence of rafts. Migrating ECs were
labeled with FITC-conjugated cholera toxin, a marker in cholesterol from physiological to “super-physiological”
suggests that the increase in endogenous cholesterol infor GM1-enriched membrane rafts. GM1-type rafts were
found primarily in the rear of untreated (Figure 2F, left) the cell leading edge, and the consequent increase in
PMM, may create a condition for optimal actin filamentand basic FGF-treated (Figure 2F, right). Furthermore,
GM3-type rafts showed no apparent front-to-back po- formation and lamellipodial extension.
larity (data not shown). These results suggest that the
leading edge cholesterol in migrating ECs is not seques- Angiogenic Growth Factors Reduce Actin
tered in lipid rafts. Filament Formation Rate in EC Leading Edge
In view of our finding that a moderate increase in choles-
terol increases actin filament elongation in syntheticInfluence of PMM on Actin-Induced Deformation
of Lipid Vesicles vesicles, we anticipated that angiogenic growth factors
would increase actin polymerization in the cholesterol-Actin polymerization occurs in leading edge lamellipodia
of moving cells and is thought to exert a forward force rich leading edge of the cell. We used FRAP to measure
polymerization of fluorescently labeled actin, but re-on the plasma membrane barrier. An increase in barrier
resistance, e.g., from low deformability, may decrease placed the microinjection protocol used by others
(McGrath et al., 1998; Wang, 1985) with a gene transfec-actin polymerization (Theriot, 2000). Because choles-
terol-containing membranes have increased “stiffness,” tion procedure. ECs were transiently transfected with
an expression vector (pEGFP-actin) encoding humani.e., resistance to deformation by an applied force (Song
and Waugh, 1993), our results present an apparent con- -actin, tagged at the C terminus with green fluorescent
protein (GFP). Transfected GFP-actin colocalized withtradiction. Namely, increased stiffness at the leading
edge of rapidly migrating ECs would be expected to endogenous actin in a narrow filamentous region in the
Developmental Cell
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Figure 3. Influence of PMM on Actin-Dependent Vesicle Deformation
(A) LUVs encapsulating Alexa 488 actin (48M) were made by ether injection of a lipid solution (20 mg/ml) containing PC and phosphatidylethano-
lamine (4:1 molar ratio), DiI-C16 (4 g/ml), ATP (0.2 mM), and valinomycin (0.1 mg per mg of phospholipid). Vesicles incubated in G-buffer
without (left panel) or with (right panel) 100 mM KCl were imaged by confocal microscopy.
(B) LUVs encapsulating unlabeled actin (48 M) were made by ether injection of a lipid solution as in (A), but without DiI-C16, and containing
cholesterol. Vesicle deformation was induced by incubation in G-buffer with 100 mM KCl, and images taken by phase contrast microscopy.
(C) The aspect ratio of cholesterol-enriched vesicles in G-buffer without (gray bars) or with (black bars) 100 mM KCl was quantitated (mean 
SEM, n  25 vesicles).
(D) Actin-containing LUVs were made by ether injection as in (B) but with -tocopherol instead of cholesterol and aspect ratios measured as
in (C). F-actin in deformed liposomes was measured fluorimetrically after incubation with 0.4 M rhodamine-phalloidin and expressed as
relative intensity (gray bars).
lamellipodia that exhibited intense membrane ruffling 15 s (Figure 4B). Basic FGF and VEGF markedly reduced
the fluorescence recovery rate by a factor of about two,and actin microspikes, and also in cortical fibers in the
cell body (Figure 4A). Laser photobleaching of a lamelli- increasing the half-time of recovery to about 30 s. Calcu-
lation of apparent diffusion coefficients from the recov-podial region resulted in a single, rapid phase of fluores-
cence recovery with a half-time of recovery of about ery curves confirmed the 2-fold difference (Figure 4B,
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Figure 4. Effect of Angiogenic Growth Factors on Actin Polymerization in Lamellipodia of Migrating ECs
(A) ECs transfected with pEGFP-actin (1.25 g) were subjected to wound-induced migration for 24 hr. The cells were fixed and actin was
stained with Alexa 568 phalloidin (0.2 M). GFP-actin (left panel) and phalloidin-labeled actin (middle panel) were detected by fluorescence,
and an overlay of both images is shown (right panel). Direction of EC movement is shown by open arrow.
(B) EC monolayers were wounded and incubated for 24 hr with basic FGF (10 ng/ml, open squares), VEGF (10 ng/ml, filled squares), or medium
alone (filled circles). Actin polymerization was determined by photobleaching GFP-actin-enriched regions in leading edge lamellipodia, and
measuring fluorescence recovery at 2 s intervals. Inset: Apparent diffusion coefficients were calculated from the recovery curves and expressed
as mean  SEM for n  10 cells.
(C) ECs transfected with vector encoding GFP alone were allowed to migrate for 24 hr in the presence (black bar) or absence (gray bar) of
basic FGF (10 ng/ml). Diffusion coefficients of GFP were determined by FRAP near the cell leading edge as described in (B) and expressed
as mean  SEM for n  10 cells.
(D) ECs were transfected with pEGFP-actin and induced to migrate for 24 hr. The cells were treated with jasplakinolide (1 M, black bar) or
with medium alone (gray bar) for 20 min, and actin polymerization was measured by FRAP of a region in the lamellipodia. Diffusion coefficients
are expressed as mean  SEM for n  10 cells.
(E) ECs were transfected with pEGFP-actin and induced to migrate. After 24 hr, the cells were treated with cytochalasin D (2 M, black bar)
or medium alone (gray bar) for 20 min. Actin polymerization was measured by FRAP in the lamellipodia, and diffusion coefficients expressed
as mean  SEM for n  10 cells.
inset). These unexpected results are consistent with a without actin), indicating that bulk macromolecular
transport in the lamellipodia was not inhibited (Figure2-fold decrease in actin polymerization rate in rapidly
moving, growth factor-treated ECs compared to un- 4C). Pretreatment of cells with jasplakinolide, which in-
duces actin polymerization (McGrath et al., 1998), inhib-treated cells. Several control experiments were done to
verify that the observed decrease in GFP-actin fluores- ited fluorescence recovery, indicating that recovery was
not due to simple diffusion of intact actin filaments (Fig-cence recovery reflected actual decreases in actin poly-
merization. First, growth factor treatment did not alter ure 4D). Finally, cytochalasin D, which inhibits actin poly-
merization by binding to the capped, growing end offluorescence recovery of GFP expressed by itself (i.e.,
Developmental Cell
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Figure 5. Actin Nucleation in the Lamellipod-
ium of Migrating ECs
(A) ECs were transfected with pEGFP-actin
and subjected to wound-induced migration
for 24 hr. Cells were incubated for 60 s with
rhodamine-conjugated actin (0.05 mg/ml) in
G-buffer plus polymerizing buffer containing
saponin (0.2 mg/ml) at 37C, washed, and
fixed. Confocal images of untreated (left) and
basic FGF-treated (right) cells are shown.
Open arrows indicate direction of migration.
(B) The cellular regions of high nucleation ac-
tivity in GFP-actin expressing, migrating cells
was expressed as % of total cell area (n 
50 cells).
(C) Total cellular incorporation of rhodamine-
conjugated actin measured as pixel intensity
per cell and expressed as mean  SEM, n 
50 cells.
the actin filament, markedly inhibited fluorescence re- To reconcile the apparent paradox of decreased actin
covery of GFP-actin (Figure 4E). These control experi- polymerization in rapidly moving, FGF-stimulated ECs,
ments indicate that fluorescence recovery was due to we considered the possibility that the growth factor in-
actin polymerization rather than a nonspecific diffusive creased the “effectiveness” of the actin motor in moving
process, and that angiogenic growth factors indeed re- the cell forward, e.g., by enhancing the coupling be-
duced the rate of actin polymerization, and presumably tween actin filaments and the cell front. We examined
filament turnover, in lamellipodia. the spatial relationship between the lamellipodial actin
The slow recovery of GFP-actin fluorescence in meshwork and the cell leading edge. ECs transfected
growth factor-treated ECs may be explained in part by with pEGFP-actin were subjected to time-lapse video-
decreased availability of barbed ends for actin nucle- microscopy. An actin-enriched complex corresponding
ation and subsequent polymerization (Pollard et al., to the actin meshwork (Small et al., 2002), trailed the
2000). We determined in vivo nucleation as a measure leading edge lamellipodium in most moving cells. In
of free barbed end concentration in ECs. ECs were trans- untreated, control cells, the actin meshwork frequently
fected with GFP-actin and induced to migrate. Rhoda- regressed toward the cell body and eventually disap-
mine-labeled actin was delivered to permeabilized cells peared, to be replaced by a new actin meshwork adja-
(Chan et al., 1998). The 60 s incubation period was based
cent to the lamellipodium (Figure 6A). In contrast, the
on studies showing an actin turnover rate of 50–70 s
meshwork was persistent in FGF-treated cells, and re-(Theriot and Mitchison, 1992). In control and basic FGF-
mained at a near-constant distance behind the lamelli-treated cells, rhodamine-actin was preferentially local-
podium as the cell advanced (Figure 6B). Detailed analy-ized in sites of actin nucleation, primarily in membrane
sis showed that basic FGF increased the mean lifetimeruffles and lamellipodial extensions near the leading
of the actin meshwork from about 10 min in untreatededge (Figure 5A). Labeling of untreated ECs was twice
cells to about 60 min (Figure 6C). The rate of lamellipodialthat of basic FGF-treated cells as measured by the area
extension was also increased by growth factor treat-of fluorescence (Figure 5B); as a control, the total rhoda-
ment (Figure 6D) as shown previously (Ware et al., 1998).mine-actin in the cell was shown to be independent of
One interpretation of these results is that FGF treatment,growth factor treatment (Figure 5C). The finding that
and the consequent increase in leading edge PMM, sta-barbed ends (and actin nucleation) are reduced in FGF-
bilizes the actin meshwork and results in more efficienttreated ECs supports the FRAP-based observation of
lamellipodial extension, despite the slow rate of actindecreased actin polymerization rates in the leading edge
of stimulated cells. polymerization. In untreated cells, the instability of the
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Figure 6. Temporal Relationship between the Actin Meshwork and Lamellipodial Extensions
(A) ECs were transfected with pEGFP-actin and subjected to wound-induced migration for 12 hr in the absence (top panels) or presence
(bottom panels) of basic FGF (10 ng/ml). Confocal images of the cells in a temperature- and CO2-controlled chamber were taken at 3 min
intervals for 8 hr using a 488 nm argon laser. The actin meshwork (open arrowheads) trailed the leading edge lamellipodium (closed arrowheads)
by a variable distance. Large open arrow indicates direction of cell movement.
(B) The positions (relative to the stage) of the forward-most lamellipodial extensions (solid lines) and actin meshwork (dashed lines) were
determined in each frame for ECs incubated in the presence (red lines) or absence (black lines) of basic FGF. Vertical arrows indicate time
of images in (A).
(C) The average lifetime of the actin meshwork structure was determined for ECs treated with (black bar) or without (gray bar) basic FGF, and
expressed as mean  SEM for n  6 cells.
(D) The mean lamellipodia extension rate was determined during a 90 min interval for ECs incubated as in (C).
actin meshwork necessitates increased de novo assem- optical trapping of membrane-bound particles (Schmidt
et al., 1993). However, the authors suggest that in-bly of actin filaments, a process that may result in rapid,
but unproductive, actin polymerization and decreased creased deformability is not an intrinsic property of the
plasma membrane, but rather is due to weaker mem-lamellipodial extension.
brane-cytoskeleton interactions at the cell rear com-
pared to the cytoskeleton-enriched cell leading edge.Discussion
Other optical trapping studies have shown decreased
membrane tension (Raucher and Sheetz, 2000) and in-PMM and Cell Movement
Our finding that a physical property of the plasma mem- tracellular viscosity and elasticity (Yanai et al., 1999)
associated with lamellipod extension. Likewise, atomicbrane is an important determinant of cell motility is sup-
ported by work from others. For example, higher deform- force microscopy of motile fibroblasts suggest reduced
stiffness (elastic modulus) in active (protruding) edgesability at the rear of moving cells has been shown by
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Figure 7. Model for Relationship between
Membrane Deformability and Actin Dynamics
(A) Actin filament formation at early times
after simulation of cell movement. Shown are
migrating cells with leading edge plasma
membranes of high (thin curved line, left
panel), moderate (regular curved line, center
panel), and low (thick curved line, right panel)
membrane deformability. Actin monomers
are shown as open circles, and crosslinking
proteins (e.g., Arp2/3) are shown as gray ob-
jects. The direction of cell movement is indi-
cated by an open arrow, and the rigid barrier
property of the membrane indicated by an
inverted “T.”
(B) Actin filament formation at late times after
simulation of cell movement as in (A).
compared to stable edges (Rotsch et al., 1999). The ECs. Similar polarization of raft-associated ganglioside
GM1 was observed in the rear of moving T lymphocytesdifference between these results and our own may be
due to an important difference in the techniques used. (Go´mez-Mouto´n et al., 2001) and neutrophils (Seveau et
al., 2001); in contrast, the same rafts were found at theBead-pulling during optical trapping and cantilever in-
dentation during atomic force microscopy both induce leading edge of human adenocarcinoma MCF-7 cells
(Man˜es et al., 1999). Taken together, these results sug-a viscoelastic response from a lumped cytoplasm-cyto-
skeleton-plasma membrane system. Thus, individual gest that accumulation of non-raft cholesterol may be
largely responsible for the increase in PMM in the cellviscous and elastic contributions of components of the
lamellipodial extension are difficult to ascertain by these front.
methods. However, in our studies the lateral diffusion
of lipids measured by FRAP, and the rotational freedom Mechanisms by which PMM Regulates
of the lipid reporter determined by fluorescence aniso- Actin Dynamics
tropy, are primarily determinants of the viscous response One conclusion of our studies is that membrane struc-
of the plasma membrane. ture can influence actin filament assembly during cell
movement. This relationship may be explained by two
possible mechanisms. In one mechanism, an alterationRole of Cholesterol in Cell Motility
Our results indicate that cholesterol has an important in PMM may influence the interaction of a critical signal-
ing protein with membranes, thereby altering its cellularrole in generating the PMM gradient in migrating ECs.
The compacting effect of cholesterol on phospholipid localization, interactions with other proteins, or activity.
Rac1 is a candidate since, upon activation, it translo-bilayers is well known, and in fact, cholesterol may have
specifically evolved as a membrane “stiffening factor” cates from cytosol to membranes (Del Pozo et al., 2000),
and triggers actin polymerization and formation of integ-(Tabas, 2002). There are little data on the role of choles-
terol in cell motility. Cholesterol was shown to inhibit rin adhesion complexes, membrane ruffles, and lamelli-
podia (Ridley, 2001). Furthermore, angiogenic growthEC migration in a trans-well assay (Kanayasu-Toyoda
et al., 1993). Interestingly, polyunsaturated fatty acids factors, and lipophilic agents that increase PMM, induce
translocation of Rac to the front of migrating ECs andovercame the inhibition, suggesting to the authors that
membrane fluidity may influence migration. However, binding to the plasma membrane (Ghosh et al., 2002).
Alternatively, the influence of membrane structure onother reports showed that cholesterol-loading enhanced
tumor cell migration (Awad et al., 2001). These disparate actin dynamics may be an intrinsic property of the mem-
brane, independent of its interaction with regulatory pro-results may be due in part to differences in cell types
or assay systems. Alternatively, the difference may be teins. This possibility is supported by our in vitro experi-
ments using actin-encapsulated lipid vesicles, since thedue to the biphasic effect of cholesterol on cell motility,
increasing cell movement at low concentrations but in- reconstituted system contains no protein other than
actin.hibiting movement at high levels (Ghosh et al., 2002).
The mechanism by which cholesterol is transported We propose a mechanism for the influence of the
membrane on actin filament formation based loosely onto the front of a moving cell is not known. An intriguing
possibility is that lipid rafts or caveolae are involved the “Brownian ratchet” model (Mogilner and Oster, 1996;
Peskin et al., 1993), with a modification that includesbecause they are highly polarized in moving cells (Parat
et al., 2003), and because the major protein of these deformability of the plasma membrane as a variable.
Membrane microviscosity and deformability are notstructures, caveolin-1, has an important role in intracel-
lular cholesterol transport (Ikonen and Parton, 2000). identical parameters; the former is a molecular measure
of lateral (or rotational) motion whereas the latter is aHowever, the high concentration of cholesterol in the
cell front in our experiments is not likely due to their macromolecular measure of response to force applica-
tion. However, the parameters are related, at least forresidence in cholesterol-rich lipid rafts since we find
that GM1-type rafts preferentially accumulate in the cell phospholipid bilayers where increased membrane mi-
croviscosity upon cholesterol addition is accompaniedrear, and GM3-type rafts are not polarized in moving
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by reduced deformability (or increased membrane “stiff- which membrane properties regulate actin polymeriza-
tion in synthetic vesicles and in cultured cells. We antici-ness”) (Song and Waugh, 1993). According to our pro-
posed model, actin filament formation near a membrane pate that the results may be applicable to in vivo situa-
tions where regulation of EC movement is a potentialof low microviscosity (i.e., low stiffness) generates very
narrow protrusions (Figure 7A, left). In this situation, therapeutic target. Specific inhibitors of EC movement
may provide therapeutic agents to reduce angiogenesisactin monomers have restricted access to the growing
end of the filament, which inhibits actin polymerization and tumor growth. The fact that endostatin decreases
both EC movement and blood vessel formation is con-and limits vesicle deformation. A moderate elevation in
cholesterol increases barrier stiffness, which results in sistent with this idea (Yamaguchi et al., 1999). Agents
that influence PMM may similarly influence EC move-broader protrusions, greater actin access, increased ac-
tin polymerization, and large vesicle deformation (Figure ment and blood vessel formation. Interestingly, high
doses of -tocopherol reduce tumor angiogenesis in an7A, center). A further increase in cholesterol stiffens the
membrane to an extent that inhibits actin polymerization animal model (Shklar and Schwartz, 1996) and reduce
the incidence of breast cancer (Kimmick et al., 1997).at the growing end, perhaps due to the small thermal
fluctuations of the barrier (Figure 7A, right). It is tempting In other circumstances, it may be desirable to increase
EC movement, for example, to increase endothelializa-to speculate that membrane “microspikes,” thin actin-
containing protrusions at the leading edge of gliding tion of prosthetic vascular grafts or enhance collateral
vessel formation. New imaging techniques may permitcells, may result from suboptimal membrane conditions
(Suetsugu et al., 1998). the detection of cellular gradients of PMM in vivo.
Our finding of a reduced rate of actin polymerization
Experimental Proceduresin growth factor-stimulated ECs was unexpected. Our
proposed model may provide insight into this result. The
Cell Culture
narrow actin-driven protrusions in low-stiffness mem- ECs were isolated from adult bovine aortas and cultured in DME/
branes may not only reduce entry of actin monomers, Ham’s F-12 medium (GIBCO-BRL, Gaithersburg, MD) containing 5%
fetal bovine serum (BioWhittaker, Walkersville, MD) and used at 37Cbut also prevent entry of actin binding proteins that
in a humidified atmosphere of air containing 5% CO2 (Murugesan etstabilize filaments, e.g., proteins involved in bundling,
al., 1993). ECs were induced to migrate by the “razor-wound”crosslinking, branching, etc. Several of these proteins
method (Murugesan et al., 1993).
are in large complexes that would further reduce entry
into narrow membrane protrusions, e.g., the crosslinker Analysis of Cell PMM by FRAP
-actinin and the Arp2/3 branching complex are about EC membranes were fluorescently labeled by incubation with DiI-
C16 (8.3 g/ml, Molecular Probes, Eugene, OR) at 4C for 15 min100 and 200 kDa, respectively (compared to 42 kDa
in serum-free medium and then replaced with serum-free mediumactin monomer). In the absence of stabilizing proteins
containing 25 mM HEPES. The dye remained almost exclusively inat the growing end, actin filaments may exhibit high
the plasma membrane under these conditions. FRAP was measured
turnover and a consequent high rate of actin polymeriza- after photobleaching a circular area (1–2 m in diameter) of the cell
tion, albeit nonproductive polymerization (Figure 7B, with a short pulse (	1 mW) from a 568/488 nm krypton/argon laser
at 100% power (TCS-SP laser scanning confocal microscope, Leica,left). We observed this process in actin meshworks that
Heidelberg, Germany). Recovery was monitored by repetitivelyrepeatedly assemble and disassemble in slowly migrat-
scanning bleached areas with an attenuated laser (20% power ofing ECs not treated with growth factors. Alternatively,
a 568 nm krypton laser) and was expressed as lateral diffusionin the absence of stabilizing proteins, actin filament may coefficient (D ) (Axelrod et al., 1976).
exhibit “treadmilling” as monomers are simultaneously
added to the head and removed from the tail. A moder- Analysis of Cell PMM by Fluorescence Anisotropy
For anisotropy studies, EC plasma membranes were fluorescentlyately stiff membrane permits the entry of actin-stabiliz-
labeled by incubation with 5 M TMA-DPH (Molecular Probes) foring proteins, thereby decreasing actin filament turnover
5 min at 4C. The cells were rinsed with phosphate-buffered salineand monomer polymerization (Figure 7B, center). This
(PBS), and placed in serum-free medium containing 25 mM HEPES,
process results in a stable actin meshwork that remains and wound regions sealed with a cover slip. Horizontally and verti-
close to the advancing lamellipodium of a migrating cell. cally polarized images (500 msec exposure) were captured simulta-
Membranes of high stiffness will likely permit entry of neously on a Leica DMR upright fluorescence microscope using a
40
 oil objective, a UV-filter cube, a Dual-View Micro-Imager (Opti-actin-stabilizing proteins; however, actin turnover may
cal Insights, Santa Fe, NM) fitted with a polarization module, and abe slow due to the immobility of the membrane barrier,
cooled CCD camera (Q-Imaging, Burnaby, B.C., Canada). Split CCDor fast due to limited crosslinking and thus rapid disas-
images were aligned using a grid-embedded slide and image sub-
sembly of the actin meshwork (Figure 7B, right). We are traction routines (ImagePro Plus 4.5, Media Cybernetics, Carlsbad,
not able to experimentally distinguish between these CA). Anisotropy images were obtained from horizontally and verti-
cally polarized images (Matlab 6.5, MathWorks, Natick, MA) (Lacko-possibilities since membranes of very high cholesterol
witz, 1999). Densitometric analysis was done using Photoshop 7.0content and stiffness were not available in our cell cul-
(Adobe, San Jose, CA) and Image Processing Toolkit plug-ins (Rein-ture studies. A previous report on locomoting goldfish
deer Graphics, Asheville, NC). Leading and trailing regions compris-
epithelial keratocytes may be informative on this point. ing the extreme 20% of the cell area were isolated, and watershed
Actin insertion into the leading edge is low in opposing and erosion filters applied to remove background. The resulting
binary image was applied as a mask to the original image, and thelamellipodia of abutting cells, and the authors conclude
mean pixel intensity was evaluated at each end.that membrane stretching is tightly coupled to actin
polymerization (Theriot and Mitchison, 1991). This result
Analysis of Membrane Cholesterol Localization
suggests that actin polymerization may similarly be low Using NBD-Cholesterol
near a stiffened, nondeformable membrane. ECs in 60 mm dishes were permitted to migrate in presence of NBD-
cholesterol or NBD-C6-HPC (10 M, Molecular Probes). The cellsOur experiments provide insight into mechanisms by
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were fixed with 3.7% paraformaldehyde for 5 min. After mounting by pixel area, and at low intensity to quantitate total cellular incorpo-
ration of rhodamine-actin.with Vectashield (Vector, Burlingame, CA), a coverslip was placed
over the wound region and NBD-fluors visualized by confocal mi-
croscopy under oil immersion using a 488 nm argon laser. Analysis of Actin Meshwork in Migrating ECs
ECs in glass-bottom dishes (Bioptechs, Butler, PA) were transfected
with pEGFP-actin and subjected to wound-induced migration. CellsIdentification of Membrane Rafts
were imaged by an inverted confocal microscope (Leica TCS SP2)Migrating ECs were labeled with FITC-conjugated cholera toxin (
on a heated stage in an incubation chamber (PeCon, Germany) filledsubunit, 9 g/ml, Molecular Probes) for 20 min at 4C, fixed with
with air containing 5% CO2 at 37C. Images were taken at 3 min3.7% paraformaldehyde, and mounted. Rafts were visualized by
intervals for 8 hr in fields containing three or more transfected,confocal microscopy using a 488 nm argon laser.
migrating cells. A 488 nm argon laser was used at 10% of maximum
power to reduce photobleaching. Motion artifacts were minimized
Deformation of Actin-Encapsulated Liposomes by line-scanning. Lamellipodial and actin meshwork positions were
LUVs encapsulating monomeric actin (Molecular Probes) were made determined using MetaMorph software (Universal Imaging, Down-
by ether-injection (Cortese et al., 1989). In brief, L--PC (-oleoyl- ingtown, PA). For each lamellipodial extension that persisted for
-palmitoyl) and L--phosphatidylethanolamine (-oleoyl--palmitoyl) more than 30 min, the emanation point at the initial time of imaging
(Sigma, St. Louis) were added at a 4:1 molar ratio to water-washed was selected as the origin. The distance from the origin to the
diethyl ether (20 mg/ml, total lipid) containing valinomycin (2 mg/ml, leading edge of the lamellipodium (faint green signal of GFP-actin
Sigma). Cholesterol and -tocopherol (Sigma) was included in some monomers) and to the forward edge of the actin meshwork (bright
studies. In other experiments, vesicles were double-labeled with green signal of polymerized GFP-actin) was determined. If actin
DiI-C16 (4g/ml) and Alexa 488 actin. The solution (10l) was injected meshwork was not visible, the distance was marked as zero.
into a monomeric actin solution (48 M) in G-buffer at 55C at 2–3
l/min using a motor-driven glass syringe. Resulting LUVs were
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